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A great many studies have focused on the heterogeneous packing of lipids in the bilayer matrix. 
However, less attention has been directed toward the temporal aspects of these lipid-lipid interactions. 
Studies of lipid packing fluctuations, or 'gel-fluid' exchange, using fluorescence probe methodologies 
have been limited. This limitation arises from the submicrosecond time scale over which the fluc- 
tuations are expected to occur. Traditionally, dynamic studies of lipid bilayers have been restricted 
to the nanosecond time regime, and the submicrosecond time 'window' has not been explored in 
any great depth by fluorescence methods, although persistent lipid dynamics has been evident. Probes 
with long fluorescence lifetimes (several hundred nanoseconds) have the potential to expand this 
important time 'window,' providing information on 'gel-fluid' exchange rates and insights into how 
important biological effectors such as proteins, cholesterol, and anesthetics affect or modulate these 
fluctuations. Using the long-lived fluorescence probe coronene, combined with time-resolved fluo- 
rescence methods geared toward microheterogeneity, we present a view of bilayer dynamics in an 
alternate time domain. Fluorescence probes are expected to inhabit an equilibrium between fluid and 
gel environments. Some probes remain in their respective environments throughout their excited-state 
lifetime, while others reside in surroundings that will change (i.e., 'melt'). Long-lived fluorescence 
membrane probes can provide direct estimates of submicrosecond lipid fluctuation or 'melt' rates. 
Simple Landau modeling leads to a distribun'on of 'melt' rates and provides an attractive alternative 
to a simpler compartmental model where a unique lipid fluctuation of gel-fluid exchange ram;is 
measured. The distribution model is probe independent (defined by thermodynmnic quantifies) and can 
be applied generally to the rotational motions of fluorescence probes embedded in the lipid bilayer. 

KEY WORDS: lipid dynamics; fluorescence probes; coronene; bilayers. 

I N T R O D U C T I O N  

Evidence for the existence of  large-scale (microm- 
eter) lateral phase separations or 'domains '  in biological 
membranes [1,2] has arisen from many different studies, 
including direct visualization using electron [3] and/or 
video-enhanced [4,5] microscopies (which may be com- 
bined with particle tracking [6,7] or "laser  tweezers" 
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[8]) or by elegant indirect spectroscopic methods (e.g., 
photobleaching techniques [9]). Such observations are 
perhaps not surprising in light o f  the very chemically 
heterogeneous composition o f  the cell membrane [10]. 
Interestingly, however, even for bilayers composed of  
one lipid type there is both experimental and theoretical 
evidence for so-called dynamic microheterogeneity [ 11]: 

4ABBREVIATIONS: DMPC, L-c~-dimyristoylphosphatidylcholine; 
DPH, 1,6-diphenyl-l,3,5-hexatriene; DPPC, L-e~-dipalmitoylphospha- 
tidylcholine; DSC, differential scanning calorimetry; EA, fluores- 
cence emission anisotropy; LUV, large tmilamellar vesicles; SUV, 
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strong lateral density fluctuations between neighboring 
lipid molecules on approaching the lipid melt transition 
result in the formation of lipid clusters composed of only 
a few tens of  molecules which are not directly visible 
by microscopy tools. This view of the lipid matrix of 
the bilayer is thus one where ordered and disordered 
lipid clusters of variable size exist in dynamic equilib- 
rium (i.e., gel-fluid equilibrium) [ 12,13]. The terms 'gel' 
and 'fluid' are actually categories for a wide range of 
chain disorder, and this mixture is constantly changing 
with time. It is assumed that the size distribution of  these 
clusters and their time-dependent alteration in size con- 
fer special properties on the lipid bilayer, and are fun- 
damental to our understanding of the stability and 
so-called temporal persistence [1] of the 'qniltlike' 
phase-separated structures of biological membranes. 

EVIDENCE FOR LIPID FLUCTUATIONS 

Our current understanding of lipid dynamics has 
arisen largely from theoretical descriptions of lipid phase 
transitional behavior (for reviews see Refs. 14 and 15). 
In the region of  the thermally induced pseudocritical 
lipid phase transition, enhanced thermodynamic fluctu- 
ations of the lipid-acyl chains occur and a microscopic 
equilibrium of 'gel' and 'fluid' lipid phases are expected 
to coexist. Two broad models have been proposed to 
explain such phenomena: phenomenological models 
(e.g., (long-range) Landau theory [16,17]) or statistical 
mechanical (microscopic) approaches (e.g., Monte Carlo 
simulations [18-20]). These studies suggest that ther- 
modynamic fluctuations of lipid order, both positional 
(lateral motions of lipid molecules over the bilayer sur- 
face) and conformational (gauche-trans fatty-acyl links, 
perpendicular to the bilayer surface), may be responsible 
for many observable membrane-mediated events. In- 
deed, long-range thermodynamic fluctuations of lipid 
chain conformations are believed responsible for en- 
hanced passive transport of Na + ions through the bilayer 
at the lipid melt transition temperature [21,22]. Other 
studies attribute bilayer compressibility [23] and in- 
creased lateral diffusion coefficients [24] to lipid struc- 
tural fluctuations. Interestingly, recent studies by 
Goldstein and Leibler [25] suggest that water-mediated 
'hydration repulsion' between interacting membranes 
may also be controlled by lipid fluctuation behavior. Or- 
dered clusters are reported to form nucleation sites pre- 
ceding gross lipid phase separations induced by cations 
[26] and may also play a significant role in bilayer de- 
stabilization processes required for membrane fusion 
[27]. Furthermore, it is not unreasonable to predict that 

lipid fluctuations (positional or conformational) are in- 
volved in maintenance of fluidity gradients within lipid 
membranes [28-30]. This may play an important cellular 
role in transmembrane signaling mechanisms. These ob- 
servations strongly suggest that studies of  lipid bilayers 
must focus not only on the investigation of composi- 
tional lipid heterogeneity, but also on the associated ki- 
netics and modulators (such as cholesterol and anesthet- 
ics) of these lipid exchange and/or fluctuation processes 
(i.e., dynamics controlling lipid heterogeneity). 

EXPERIMENTAL INVESTIGATIONS OF LIPID 
FLUCTUATIONS 

Physical methods required to detect all dynamic 
processes occurring within the bilayer must necessarily 
cover an extended time range. Studies by Holzwarth et 
al. [31] using iodine laser T-jump experiments revealed 
a broad temporal spectrum of relaxation events occurring 
in the lipid bilayer, ranging from 'fast' (picoseconds) 
trans-gauche conformational changes of the fatty-acyl 
chains, altered head-group and decreased monolayer in- 
teractions, and formation of gel or fluid lipid clusters, 
through to 'slow' (seconds) melting of the bilayer re- 
sulting in total disruption of lipid packing. As expected, 
there appears to be a gradual 'smearing' or redistribution 
of membrane order occurring at the phospholipid phase 
transition temperature T c. Experimental studies of lipid 
order fluctuations have been somewhat limited, although 
a broad range of methodologies have been employed, 
including both macromolecular techniques (calorimetry 
[32-34], ultrasound [35-37]) and more localized probe 
techniques (NMR [38] and fluorescence [39-41]). From 
analogy with nematic crystals, relaxation times for lipid 
order fluctuations (gel-fluid exchange) are expected to 
be of  the order of 10 -7 s [42]. Dielectric measurements 
[43] and ultrasound studies [35-37] of lipid bilayers re- 
port submicrosecond relaxation times consistent with 
this expectation. 

Time-dependent and steady-state fluorescence 
methods have proved vital for the investigation of the 
so-called static heterogeneity of lipid bilayers [44--47]. 
Probes used for these studies traditionally exhibit envi- 
ronmental spectral sensitivity and/or preferential parti- 
tioning, which allows quantitation of gel and fluid 
phases [48-50]. Alternatively, time-dependent fluores- 
cence parameters may be assigned to a particular lipid 
phase [51-53] (in the case of mixed-lipid systems) or 
rotational environment [54,55] such as gel or fluid 
regions. These so-called compartmental models have 
proved attractive for visualization of lipid phases in bi- 
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layers where a measurable parameter can be linked to a 
particular environment [56,57]. 

From the anisotropic and/or restricted rotational dif- 
fusion of probes within membrane vesicles [4446], the 
final anisotropy value r= furnishes information on the 
structural (conformational) order of the acyl-chain re- 
gion of the phospholipid bilayer [here the traditional or- 
der parameter is defined by S = (rJro)V2]. Interpretations 
for the origins of the limiting anisotropy term 
[46,54,55,57-61] have been the subject of many inves- 
tigations and will not be discussed in detail here (see 
contribution by D. Toptygin and L. Brand in this issue). 

Interestingly, there are discrepancies in structural 
order parameters (S) measured by different techniques 
for lipids in bilayers. Fluorescence [45,46,62-65] and 
Raman spectroscopies [66] report significantly higher 
lipid order than obtained via a number of magnetic res- 
onance methods, such as ESR [67,68] and proton (1H) 
[69] and deuterium (2H) NMR [70,71]. Differences be- 
tween these nanosecond-range and microsecond-range 
measurements may be taken as presumptive evidence for 
slow (submicrosecond) relaxations, and have been ra- 
tionalized in terms of acyl-chain motion occurring at a 
rate of 10-7-10 -8 s [16,72,73]. 

USE OF FLUORESCENCE PROBES FOR 
STUDYING LIPID FLUCTUATIONS 

Limitations of Short-Lived Fluorescence Probes 

Studies of submicrosecond lipid fluctuations using 
traditional fluorescence probe methodologies have been 
limited. This limitation arises from the time scale over 
which the physical measurement occurs. In general, 
probes used for lipid heterogeneity studies (including the 
common 'disklike' [74,75] and 'rodlike' [51-55] mole- 
cules have relatively short ('rAy < 20 ns) fluorescence 
lifetimes when embedded in lipid bilayers. Under such 
conditions, submicrosecond lipid motions occur at fre- 
quencies lower than the fluorescence decay rate and a 
resultant averaged fluorescence signal is measured origi- 
nating from the sampling of a distribution of lipid mo- 
tions. Use of membrane probes with long-lived 
fluorescence decay rates (several tens of nanoseconds) can 
expand the 'time window' of observation and span this 
critical submicrosecond region. For conditions where the 
decay rate of the probe is comparable to the time scale 
of the lipid fluctuations, equilibrium is established and 
both time-resolved and steady-state fluorescence studies 
can provide convenient tools for investigation of lipid 
acyl-chain motions. 

Studies Using Long-Lived Fluorescence Probes 

Most previous lipid dynamic studies employing 
long-lived ('ray > 80 ns in lipid systems) fluorescence 
probes have involved the use of intermolecular exci- 
meric dyes (e.g., pyrene and its lipid analogs) to measure 
both short-range lateral diffusion coefficients [76,77] 
and molecular packing of the anisotropic lipid matrix 
[78,79]. However, recent hydrostatic pressure studies by 
Sassaroli et al. [80], using the intramolecular excimeric 
fluorescence probe di-(l'-pyrenedecanoyl)-phosphatidyl- 
choline (dipy~oPC) in unsaturated lipid bilayer systems, 
suggest reduced volume fluctuations with increased pres- 
sure, resulting in hindrance of local rotational motions 
of the pyrene moieties and hence decreased intramolec- 
ular excimer formation. From these data, the authors 
speculate that such dynamic motions of the surrounding 
matrix lipids are expected to occur on a time scale of 
10 -7 s, somewhat longer than the lifetime of the probe. 

Elegant studies by Ruggiero and Hudson [39] have 
interpreted the time-resolved fluorescence behavior of 
the relatively long-lived fatty-acyl chain analog trans- 
parinaric acid embedded in phosphatidylcholine LUV 
using a dynamic lipid fluctuation model. This unique 
molecule exhibits several desirable characteristics for 
studies of both static and dynamic lipid heterogeneity 
(discussed in detail elsewhere [54]). First, the all-trans 
isomer of the molecule partitions preferentially into gel- 
phase lipid and exhibits excitation spectral sensitivity to 
its environment. Furthermore, the fluorescence lifetime 
components for trans-parinaric acid can be assigned to 
gel (% -- 30-50 ns) or fluid ('r v - 3 ns) phases of the 
bilayer. The amplitude of the long-lifetime component 
reveals a temperature dependence which is characteristic 
of critical phenomena. Estimates of the lifetime for lipid 
fluctuations are reported to range from about 10 ns to 
about 40 ns on approaching the lipid phase transition 
from temperatures greater than T c and compare favorably 
with those determined by ultrasound studies (20--60 ns). 
The authors attribute differences in these lifetimes to dis- 
tances over which the fluctuations are measured, i.e., mi- 
croscopic versus macroscopic systems. 

Steady-State Fluorescence Studies of Coronene- 
Labeled Lipid Bilayers 

An alternative approach to the investigation of lipid 
fluctuations has focused on the rotational motions of a 
novel fluorescence probe, coronene, in gel-phase lipid 
bilayers [40,41]. This dye exhibits an average fluores- 
cence lifetime of several hundreds of nanoseconds when 
embedded in lipid bilayers ('rAV -- 200 ns). Under such 
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Fig. 1. Surface plot of  synthesized steady-state emission anisotropy as a function of temperature and lifetime of the fluorescence probe. From 
experimental time-resolved data for coronene-labeled DPPC SUV at 5~ (% = 0.75, % = 256 ns; c~ 2 = 0.09, ~2 = 37 ns; % = 0.16, % = 2 ns) 
and the experimental < r > ( 7 )  profile, an average lifetime and rotational correlation time (from the Perrin equation) is determined. The averaged 
fluorescence lifetime is then reduced from 200 to 5 ns, while the rotational parameters remain unchanged. The heavy line indicates the true 
experimentally obtained steady-state 'melt '  curve for coronene, which is characteristically broad and shifted to colder temperatures. 

conditions, targeting of slower (submicrosecond) lipid 
relaxation processes that occur well after the decay of 
most other fluorescence probes is possible. Unlike par- 
inaric acid, coronene appears to exhibit nonpreferential 
partitioning into coexisting gel or fluid lipid phases [40]. 
In addition, due to its disk-like shape (O6h planar sym- 
metry; r0 = 0.1) [81], the polarized emissions of this 
molecule depend exclusively on out-of-plane probe mo- 
tions (<Sop>). From steady-state emission anisotropy 
(EA) studies of this probe embedded in one-component 
lipid bilayers (e.g., DMPC or DPPC SUV), the appear- 
ance of fluctuation-induced rotations of coronene are 
evident in the gel phase of the membrane [40,41,82] at 
least 10 ~ below the normally expected lipid transition 
temperature, as detected by differential scanning calo- 
rimetry (DSC) and EA versus temperature profiles for 
short-lived probes (e.g., DPH [83]). These experimental 
observations correlate well with theoretical modeling 
studies where fluid clusters are proposed to 'seed' at 

temperatures where the bilayer is predominantly gel 
[84]. Figure 1 (heavy line) shows the observed shifted 
and broadened 'melt' transition profile obtained experi- 
mentally for coronene when embedded in DPPC SUV, 
which arises directly from the influence of submicrose- 
cond lipid dynamics, detectable by virtue of the long 
fluorescence lifetime of the probe. This can be shown 
by modeling. From a knowledge of the time-dependent 
parameters measured for coronene in DPPC SUV (life- 
time %v and rotational correlation times +,v), it is pos- 
sible through use of the Pen-in equation [63] to construct 
steady-state fluorescence EA versus temperature profiles. 
Interestingly, as shown in Fig. 1, by reducing the aver- 
age fluorescence lifetime from 200 ns to values more 
consistent with popular lipid dynamic probes (i.e., "rav 
10 ns) while keeping the rotational motions for the probe 
unchanged (as influenced directly by the lipid environ- 
ment), the melt transition profile for the lipid bilayers 
becomes better defined, and compares favorably with 
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Fig. 2. Schematic representation of the compartmental model. Three 
lipid compartments are defined: a nonexchangeable fraction (N), where 
lipid does not melt appreciably on the microsecond time scale and 
included probes do not undergo any rotational motions until very close 
to To; the fluid (F) lipid (where S ---> 0), where coronene molecules 
are free to rotate; the gel (G) region (where S --) 1). Regions F and 
G are in equilibrium on the submicrosecond time scale. An effective 
rotational time ~)EFF represents the rate of gel-fluid melting. 

DPPC 'melt' transition profiles observed using DPH 
[83]. Hence, while the appearance of broadened and 
low-temperature-shifred lipid melt profiles have been ob- 
served from preferential lipid partitioning effects [85], 
in the case of long-lived fluorescence probes they can arise 
from the influence of submicrosecond lipid dynamics oc- 
cunqng in the gel phase. Indeed, such lipid melt curves are 
not specific to coronene; similar profiles have been ob- 
served for other long-lived fluorescence probes, e.g., py- 
rene derivatives ([86]). Short-lived fluorescence probes 
are not sensitive to submicrosecond lipid dynamics. 

Theoretical Membrane Models for Interpretation of 
Time-Resolved Rotational Motions of Coronene 

Polarized time-resolved data for coronene-labeled 
bilayer systems have provided information on fluctuation 
or gel-fluid lipid exchange rates. Two alternative mem- 
brane models have been employed for analyses of such 
complex experimental polarized multiexponential fluo- 
rescence decay profiles. In the first case, a simple com- 
par tmenta l  model describing a unique gel-fluid 
exchange (fluctuation) rate between gel (S = 1) and fluid 
(S = 0) lipid phases may be adopted (Fig. 2). Alterna- 
tively, a distributional model has been developed. Here 
the membrane lipid exists as a distribution of lipid or- 
dering (0 < S < 1), and lipid fluctuations between gel 
and fluid regions are now described by a distribution of 
lipid melt rates. Both models visualize the membrane as 

a heterogeneously packed system with regions of coex- 
isting gel (S -~ 1) and fluid (S + 0) lipid molecules. 

Compartmental Model 

In the case of a compartmental model, equilibrium 
populations of 'gel' (G) or 'fluid' (F) lipid phases are 
assumed to coexist (details of this model are discussed 
in Ref. 41 and more completely in Ref. 82). A third gel 
subfraction (N), not involved in the submicrosecond 
equilibrium, is included (Fig. 2), since a residual ani- 
sotropy term r= (i.e., a nonexchangeable gel-lipid frac- 
tion) is evident from time-resolved anisotropy data of 
coronene at low temperatures. Coronene molecules in- 
cluded in this lipid compartment do not undergo rota- 
tional motions (~bN) on this time scale. In contrast, 
coronene residing in fluid regions of the bilayer has ro- 
tational motions, ~b v - 2 ns. Probes initially located in 
the exchangeable gel (S = 1) lipid regions (G) may ro- 
tate if the lipid goes through a local 'melting' process 
(S = 0). This melting process can thus be characterized 
by an effective rotational correlation time +EFV for the 
probe. The decay of the time-resolved emission anisot- 
ropy for coronene molecules distributed among the lipid 
compartments may be simply represented [41,82]: 

r(t) = ([3Fe-'/+v + 13oe--'/+EFF + [3N)e--'/*N (1) 

where 

[3F/ro = F / ( G + F + N ) ,  [3c]r o = G / ( G + F + N )  

ro= B~ + [3o + B~ 

It is pertinent to note that [3 o + [3N is equivalent to the 
limiting anisotropy term r~ obtained from time-resolved 
fluorescence EA profiles of probes with fluorescence 
lifetime shorter than those discussed here, e.g., DPH 
[54,63] and parinaric acid [39,55]. 

Values obtained for the fluctuation-induced effec- 
tive rotational times ~bEF F of coronene as a function of 
increasing temperature range typically from 10 to 70 ns 
(depending on the temperature below To). These times 
are characteristic of equilibrium fluctuations or melt 
processes between gel and fluid regions in the bilayer, 
reflecting submicrosecond disordering of phospholipid 
packing; coronene probes originally embedded in the 
'gel' regions can only rotate by going through a local 
'melting' or fluctuation, and ~bzF F ~- 1~Kin. Values of 
measured fluctuation lifetimes determined by this 
method show excellent correspondence with those re- 
ported by other methods, e.g., parinaric acid and ultra- 
sonic studies. 
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Fig. 3. Contour plot of  the free energy for DPPC (kJ/mol) determined from the Landau expansion, as a function of order parameter (from 0 ~ 1) 
and temperature up to To. The coefficients for the expansion were taken from ultrasound studies [36] for DPPC. Values used were A~ = 0; A2 = 

a(To - T), where a = 1.35 kJ/K; A3 = 6.8 kJ/mol; A4 = 10.1 ld/mol. The free energy difference between the fluid (To = 41~ and gel phase 
represents the activation energy of melting. 

Distributional Model 

An alternative model invokes a distribution of 'gel- 
fluid' exchange or fluctuation rates. Unlike the com- 
partmental model, where lipids are characterized as gel 
(S = 1) or fluid (S = 0), here a continuum between these 
two extreme states of lipid order is envisaged resulting 
in a distribution of lipid order parameters (which is tem- 
perature dependent). Consequently a corresponding dis- 
tribution of lipid melting rates d(S,T) rather than a 
discrete (KFQ) gel-fluid melt rate is expected. Accord- 
ingly, discrete boundaries between 'gel' and 'fluid' are 
less well defined [87] and the bilayer exists as a dynamic 
unit with lipid phases of more (S ~ 1) or less (S --) 0) 
well defined order. 

This model (discussed in detail elsewhere [41,82]) 
is derived (based on reviews by J~ifinig [16]) from Lan- 
dau theory (which describes long-range phase transi- 
tional behavior) and attempts to provide an alternative 
expression for the time-resolved fluorescence EA decay 
function r(t) of probes in lipid bilayers by including 
known thermodynamic parameters for the lipid system 
of interest. 

The free energy F of the system at equilibrium can 
be determined explicitly using the fourth-order expan- 
sion of the Landau expression in powers of the eonfor- 
mational order parameter (S = N -1 N~, ,  where n is the 
orientation of lipid segment n, and N is the total number 
of segments along the fatty-acyl chain): 

F=-A,S+~AzS2-~A3S3+~A4S4...  (2) 

The coefficients An of the free energy expansion are de- 
rived directly from measurable thermodynamic 
quantities, and have been determined explicitly from ul- 
trasonic studies for a number of lipid systems [35-37]. 
Figure 3 shows a contour plot for such a free energy 
expansion for DPPC SUV as a function of both temper- 
ature (up to the main phase transition temperature To) 
and the eonformational order parameter (S = 0 --. 1). 

For gel-like lipid to effectively 'melt,' an activation 
energy proportional to the difference in free energy be- 
tween the fluid [F(S, Tc)] and more ordered phase 
[F(S, T)] is required. The curves of Fig. 3 thus serve to 
quantify the energy penalty for chain disordering below 
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Fig. 4. Contour plot of the density of the melting probability P(S,7) as a function of the order parameter and temperature. The probability of a 
lipid molecule melting with a given order parameter S at a particular temperature T is thus P(S,7)dS. 

Tc for all possible existing order parameters in the range 
S = O ~ I :  

E:c~(S,T) = F(S,  TO - F(S ,T)  (3) 

At low temperatures, where bilayer systems are more 
ordered (S ---> 1) and the differences in the free energy 
states are very large, the probability P(S, 7) of achieving 
the required EACT for melting will be more differentiated 
(Fig. 4) and low for the majority of lipids: 

P(S,7) = (e-eacT(s'r)~V(fo_~:e-eacT(S,WRTds) (4) 

In addition, an effective rotational rate d(S, 7) for a flu- 
orescence probe embedded in the lipid may also be 
estimated from the activation energy barrier EAcT(S, 1) 
which must be exceeded in order for lipid melting, and 
hence probe rotation, to occur. Since a distribution of 
order parameters exists for the lipids, a corresponding 
distribution of effective rotational rates is expected. Thus 
the activation energy EAC ~ required for lipid 'melting' 
links both dynamic spectroscopic (local) paranleters with 
static thermodynamic (global) parameters: 

d(S,T ) = d~( T )e-reAcTCs'r)/Rr (5) 

y defiries a multiple of the activation energy barrier 
which must be overcome and thus represents the critical 
number of lipid molecules which must achieve 'disor- 
der' simultaneously in order to permit probe rotation. 
This gating factor "t, as such, is indicative of a cooper- 
ative unit size of surrounding lipid which influences the 
rate of rotations of the included fluorescence probe mol- 
ecule. 

Combining these effective rotational rates [where 
d(S,7) = 1/qb(S,T)] of the fluorescence probe with the 
probability P(S,7) of a lipid melting through the acti- 
vation energy [(EAcT(S,7) ] term, we can express the 
time-resolved EA decay profile [82]: 

r( t) = rof o_~f(S,T )e-'~cs,~tdS (6) 

Analysis of time-resolved EA decay profiles for 
coronene imbedded in DPPC SUV according to this model 
provided estimates for two variables, 3, and the limiting 
diffusion rate [frequency factor; d=(T) = d(S = 0,7); see 
Eq. (5)]. Values obtained for the 'gating' factor ~ ranged 
(nonlinearly) from 10 _+ 20 at 20~ to 6 _+ 1 at 35~ 
whereas (d=) -~ decreased linearly from 90 _+ 20 ns at 
20~ tending toward very fast subnanosecond rotational 
times at T c [82]. 
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Fig. 5. Steady-state emission anisotropy as a function of increasing 
hydrostatic pressure for (A) coronene and (B) DPH-labeled DPPC 
SUV. Values of EA were corrected for scatter or birefringence artifacts 
as discussed elsewhere [102]. Excitation was achieved at 340 and 360 
nm, respectively, and the wavelengths of observation were 448 and 
430 nm, respectively. The two temperatures shown here are (A-A) 
53.5~ and (D-G) 43.5~ The Pt/2 values are indicated by arrows. 

Lipid Fluctuations in Gel-Phase Bilayers as 
Revealed by Coronene Fluorescence 

Analysis of time-resolved polarized data, either via 
the compartmental or distributional model, reveals that 
submicrosecond fluctuation-induced probe rotations 
[qbEF F or 49(S, T), respectively] are evident at temperatures 
well below To. From the overall head-group surface area 
for DPPC of 50 + 2 ~2 (below the phase transition) [83] 
and the dimensions of the coronene carbon skeleton, val- 
ues of ~/suggest that several lipid shells surrounding the 
probe are involved in the lipid chain disordering process, 
with estimated lipid 'cluster' sizes on the order of 25-  
40 A in diameter. Cluster sizes ranging from 20 to 50 

were recently estimated by Parasassi et al. [88], using 
preferential partitioning in a two-component lipid sys- 
tem, of the environmentally sensitive fluorescence mem- 

brane probe Laurdan (see contribution by T. Parassasi 
and E. Gratton in this issue). Estimated sizes for lipid 
clusters determined from fluorescence spectroscopic 
measurements are significantly smaller than those pre- 
viously reported for corresponding lipid systems deter- 
mined using Monte Carlo simulations [11] or by 
thermodynamic analyses of experimental heat capacity 
curves. Indeed, Biltonen and co-workers [32,34] report 
average cluster sizes of several hundreds of lipid mole- 
cules in the region approaching the melt transition. It is 
of importance to emphasize that values of ~/ reported 
here represent only those neighboring lipids that affect 
the rotations of coronene. In contrast to cluster sizes de- 
fined by DSC studies, here the cooperative unit is de- 
fined by a multiple of the activation energy barrier 
required for lipid melting and therefore probe rotation. 

Direct experimental evidence for the formation of 
large clusters during the lipid bilayer melting transition 
has come from electron-microscopic investigations of 
isolated two-component lipid phosphatidylcholine vesi- 
cles [89], although clusters in single-component lipid 
vesicles have not been directly observed, except in the 
presence of Ca 2+ [90] (which induces 'gross' phase sep- 
arations [26]) or by elegant HPLC dimerization studies 
[91]. Recent ultrasound studies [37] suggest that cluster 
sizes are intimately associated with the radius of vesicle 
curvature. In this comparative study, SUV had smaller 
cluster sizes (85 lipids for DMPC SUV) over the several 
hundred lipid molecules estimated for corresponding 
LUV. 

The effects of applied hydrostatic pressure (0-1.2 
kbar) on submicrosecond lipid motions in lipid bilayers 
using coronene [92] have also been examined. Pressure 
provides an alternative independent variable resulting 
exclusively in volume changes for a constant tempera- 
ture. Hence resolution of lipid packing and density ef- 
fects from those directly attributable to thermal change 
is possible. In addition, pressure provides an important 
mechanism for biological adaptation to the environment, 
resulting in altered lipid composition and changed phase 
separations or domain architecture in the biological 
membrane. By including a pressure-dependent term in 
the free energy expansion (i.e., A 1 r 0 in Eq. (2) [16]) 
while keeping all other inherent thermodynamic para- 
meters fixed for the lipid system under investigation, 
pressure-induced steady-state EA melt curves for DPPC 
SUV have been successfully reconstructed using previ- 
ously determined gate factors ,/ and limiting diffusion 
constants obtained from temperature-dependent experi- 
ments (P = 0). Figure 5 shows typical experimentally 
obtained EA versus pressure profiles for coronene and 
DPH-labeled DPPC SUV at 43.5 and 53.5~ Interest- 
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ingly, the pressure-induced phase transitions as detected 
by increased EA values for coronene are shifted to 
higher pressure values (Pro = 0.80 and 1.33 kbar, re- 
spectively) than for corresponding DPH-labeled samples 
(Pro = 0.43 and 0.62 kbar, respectively). It appears, as 
might be predicted [80], that a greater applied pressure 
is required to restrict the rotational motions of coronene 
by hindering or 'freezing out' slow (submicrosecond) 
lipid motions. 

FUTURE DIRECTIONS 

Within the framework of the dynamic heterogene- 
ous membrane models discussed here, we can now pro- 
ceed to perturb the partitioning of a fluorescence marker 
between gel and fluid lipid regions by introducing in- 
trinsic (cholesterol, peptide, and proteins) and/or extrin- 
sic (Ca 2+, anesthetics) modulators into the system (i.e., 
effectively shift the melt equilibrium). The dynamics of 
such systems are not well understood [93,94] and ex- 
perimental investigations are limited [37,95-97]. Nev- 
ertheless, it is important to understand them, since lipid 
fluctuations are reported to play important roles in the 
controlled fimctioning of  membrane enzymes [98] and 
photosynthetic reaction centers [99]. Fluorescence meth- 
odologies using long-lived probes can provide important 
insights into such dynamics. Indeed, recent studies by 
Montejo et al. [100] have examined submicrosecond 
protein conformational changes using 1-methylpyrene 
conjugates of human fibrinogen. Preliminary studies of 
melittin-containing lipid bilayers using coronene or a co- 
ronene-phospholipid adduct (Cor-PC; "rAy -- 120 ns 
[101]) (where the fluorescent reporter is located at a 
fixed depth in the bilayer) revealed increased steady- 
state EA values at temperatures below To, suggesting a 
lipid ordering effect in the presence of  peptide (1:50 
peptide-to-lipid molar ratio). In contrast, DPH-labeled 
systems showed no significant alteration in steady-state 
EA values with introduction of melittin into the bilayer 
[86]. It is apparent that long-lived fluorescence probes 
provide sensitivity to lipid-peptide effects occurring on 
a 'slow' time scale. Future time-resolved polarized stud- 
ies will provide interesting insights into submicrosecond 
gel-fluid lipid exchange rates as affected by the presence 
of peptide. 
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